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Protein structureMembrane proteins are embedded in lipid bilayers and facilitate the communication between the external envi-
ronment and the interior of the cell. This communication is oftenmediated by the binding of ligands to themem-
brane protein. Understanding the nature of the interaction between a ligand and amembrane protein is required
to both understand themechanism of action of these proteins and for the development of novel pharmacological
drugs. The highly hydrophobic nature of membrane proteins and the requirement of a lipid bilayer for native
function have hampered the structural and molecular characterizations of these proteins under physiologically
relevant conditions. Atomic force microscopy offers a solution to studyingmembrane proteins and their interac-
tions with ligands under physiologically relevant conditions and can provide novel insights about the nature of
these critical molecular interactions that facilitate cellular communication. In this review, we provide an over-
view of the atomic force microscopy technique and discuss its application in the study of a variety of questions
related to the interaction between amembrane protein and a ligand. This article is part of a Special Issue entitled:
Structural and biophysical characterization of membrane protein–ligand binding.
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Membrane proteins serve many critical roles in the cell including
the transmission of information from the external environment to
the inside of the cell. They sense the external environment by binding
ligands that act as agonists, inverse agonists, antagonists, allosteric
57A.M. Whited, P.S.-H. Park / Biochimica et Biophysica Acta 1838 (2014) 56–68agents, or substrates. The properties of ligands are diverse and can
range from ions to small molecules, peptides, or proteins. The nature
of interactions between ligands and membrane proteins and the im-
pact that ligand binding has on membrane protein structure are
areas that still require more detailed insight. Atomic force microscopy
(AFM) is a technique with many different applications in biology and
can be used to detect details about single molecules with a spatial
resolution on the nanometer scale [1–3]. This methodological plat-
form offers several advantages over more traditional approaches
and overcomes some of the barriers in the study of membrane pro-
teins to obtain high-resolution structural and molecular information
about the native system.
The study of membrane proteins often involves procedures and
manipulations that move the system away from its native condition.
Membrane proteins are highly hydrophobic and are natively embed-
ded in a lipid bilayer. Their study is often not fully amenable to tradi-
tional methods used to study soluble proteins since the presence of
the membrane often interferes with such methods. To circumvent
these problems, membrane proteins are extracted from their native
membranes using a detergent that maintains protein functionality.
Biological membranes play signiﬁcant roles in protein structure and
function and, therefore, it may be questionable as to whether infor-
mation obtained from extracted membrane proteins accurately re-
ﬂects the protein under native conditions. Additionally, membrane
proteins are often labeled (e.g., ﬂuorescent tags or a staining agent)
to facilitate their detection, which can also take the system away
from its native condition.
AFM does not require the labeling of proteins and allows for the
study of membrane proteins within the context of a lipid bilayer
and in a physiological buffer [4–6]. Thus, native properties of mem-
brane proteins can be studied since the conditions these proteins
are normally exposed to can be maintained during AFM. In this
review, we discuss some of the applications of AFM to study mem-
brane proteins and their interactions with ligands under physiologi-
cally relevant conditions and present some examples that illustrate
the applications discussed.
2. Atomic force microscopy
AFM was ﬁrst introduced in 1986 [7]. It was created to overcome
the limitations of a related scanning probe microscopy method, scan-
ning tunneling microscopy (STM), which was introduced a few years
earlier [8]. Both methods were initially used to image surfaces with
atomic resolution. In the case of STM, atomic resolution of surfaces
is obtained by monitoring a tunneling current between a sharp
probe and a sample surface. Thus, only conductive materials can beFig. 1. AFM overview. (A) Components of an atomic force microscope. (B) Containvestigated. In contrast, atomic resolution of samples is attained in
AFM by monitoring small forces applied over a surface using a sharp
probe mounted on a ﬂexible cantilever, which acts as a spring and,
therefore, the method can be applied to unprocessed biological mate-
rial. AFM was applied to biological samples in an aqueous environ-
ment shortly after its introduction [9,10]. Since the introduction of
AFM, this multifunctional technique has found numerous applications
in biology and has opened the door for unique inquiries into the
structure and function of biomolecules [11,12].
The basic components of an atomic force microscope include a
piezoelectric scanner, ﬂexible cantilever containing a sharp probe,
laser, photodiode detector, and feedback electronics (Fig. 1A). AFM
is based on a simple principle whereby the movements of a ﬂexible
cantilever containing an atomically sharp probe are monitored. The
movements of the ﬂexible cantilever can be monitored by changes
in laser deﬂection off of a reﬂective surface on the backside of the
cantilever. A photodiode detector detects the changes in deﬂection
of the laser. In many commercial systems, the sample sits on the
piezoelectric scanner (e.g., Fig. 1A), which can move in all three
dimensions by applying voltage to the piezoelectric material, while
the cantilever remains in a ﬁxed position. In other systems, the piezo-
electric scanner is attached to the AFM cantilever holder to directly con-
trol themovement of the cantileverwhile the sample remains stationary.
This basic set-up allows for both high-resolution imaging and probing of
the molecular interactions of biological samples. Thus, the capabilities of
AFM extend beyond typical image-based microscopy methods.
One of the most important aspects in the application of AFM to
study biological materials is sample preparation. Biological samples
must be prepared suitably for the speciﬁc AFM application and must
be immobilized on a solid substrate (reviewed in [13,14]). The most
common substrates used to immobilize membrane protein samples
include mica, highly ordered pyrolytic graphite (HOPG), and glass
(reviewed in [15,16]). Mica and HOPG are particularly useful for
applications that require a clean atomically ﬂat surface. Mica exposes
a negatively charged surface while HOPG exposes a hydrophobic sur-
face for samples to adsorb on. Glass substrates can be chemically
treated and useful for the attachment of live cells. Table 1 lists the
types of membrane protein preparations that are suitable for the dif-
ferent AFM applications discussed here.
3. Imaging membrane proteins and ligands by AFM
3.1. AFM imaging
Membrane proteins present several challenges in their study by
high-resolution structural methods as discussed earlier. In additionct mode imaging. (C) Tapping mode or intermittent contact mode imaging.
Table 1
Examples of membrane protein–ligand interactions studied using AFM.
Membrane protein (species) Preparation Ligand Membrane protein type, secondary structure Reference
Imaging studies
Integrin αIIbβ3 (human) Reconstituted lipid bilayer Fibrinogen Adhesion protein, single α-helix [27]
Bacteriorhodopsin (Halobacterium salinarum) Purple membrane Photon Transporter, multiple α-helices [45]
Connexin 26 (rat) 2D crystal in plaques Ca2+, H+ Channel, multiple α-helices [109,110]
KirBac3.1 (Magnetospirillum magnetotacticum) 2D crystal in reconstituted lipid bilayer Mg2+ Channel, multiple α-helices [111]
MlotiK1 (Mesorhizobium loti) Densely packed in reconstituted lipid bilayer cAMP Channel, multiple α-helices [39]
OmpF (Escherichia coli) 2D crystal in reconstituted lipid bilayer H+ Channel, β-barrel [112]
OmpG (Escherichia. coli) 2D crystal in reconstituted lipid bilayer H+ Channel, β-barrel [113]
P2X4 receptor (rat) Reconstituted lipid bilayer ATP Channel, multiple α-helices [114]
Force spectroscopy studies: dissociation of protein–ligand complexes
Integrins αVβ3 and α5β1 (rat) Osteoclasts GRGDSP, GRGESP, GRADSP, osteopontin, echistatin Adhesion protein, single α-helix [115]
SK channel (rat) HEK293 cells, hippocampal pyrimidal neurons Apamin Channel, multiple α-helices [116]
CD44 (human) Human colon cancer cells, reconstituted lipid bilayer Fibrinogen, P-selectin Adhesion protein, single α-helix [117]
LFA-1 (mouse) 3A9 cells ICAM-1 Adhesion protein, single α-helix [74]
LHRH receptor (human) Hela cells LHRH, LHRH-PE40 GPCR, multiple α-helices [72]
Mam2 (Schizosaccharomyces pombe) Schizosaccharomyces pombe P factor pheromone GPCR, multiple α-helices [118]
Na+/glucose cotransporter (rabbit) Brush border membranes, CHO cells Phlorizin, D-glucose, 1-thio-β-D-glucose Transporter, multiple α-helices [119–121]
Serotonin transporter (human) CHO cells MFZ2-12 Transporter, multiple α-helices [67]
TGF-β receptor (human) HEK293 cells TGF-β1 Kinase receptor, single α-helix [122]
Force spectroscopy studies: mechanical protein unfolding
Aac3p (Saccharomyces cerevisiae) 2D crystal in reconstituted lipid bilayer Atractyloside, carboxy-atractyloside Transporter, multiple α-helices [123]
β2 adrenergic receptor (human) Reconstituted lipid bilayer BI, THRX, adrenalin, carazolol, alprenolol GPCR, multiple α-helices [93]
BetP (Corynebacterium glutamicum) Reconstituted lipid bilayer K+ Transporter, multiple α-helices [124]
MjNhaP1 (Methanococcus jannaschii) 2D crystal in reconstituted lipid bilayer Na+ Transporter, multiple α-helices [125]
NhaA (Escherichia coli) 2D crystal in reconstituted lipid bilayer Na+, 2-aminoperimidine Transporter, multiple α-helices [85,86,126]
OmpG (Escherichia coli) 2D crystal in reconstituted lipid bilayer H+ Channel, β-barrel [127,128]
Rhodopsin (mouse) Rod outer segment disc membranes 11-cis-retinal GPCR, multiple α-helices [92]
SteT (Bacillus subtilis) Reconstituted lipid bilayer L-serine, L-threonine Transporter, multiple α-helices [129]
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membrane proteins is often difﬁcult due to their large size or intrinsic
ﬂexibility. Thus, structural characterization of multi-domain membrane
proteins is often achieved by investigating domains separately, which
may not accurately represent the structure of the full-length protein.
Moreover, most high-resolution structural methods are not compatible
with biological membranes, a challenge that must be overcome since
the lipid bilayer is essential for determining native conformations of
membrane proteins (e.g., [17–19]). AFM imaging is a high-resolution
structural method that overcomes these challenges and allows for the
visualization of single protein molecules under physiological conditions.
In AFM imaging, the AFM probe is raster-scanned over the surface
of a biological sample to generate a topographical image based on the
vertical movements of the cantilever as monitored during the scan. A
high signal-to-noise ratio is achievable with AFM, thereby allowing
for high-resolution imaging capable of resolving single molecules
[20]. Several imaging modes are available in AFM which provide in-
formation about the surface properties of materials as experienced
by the touch of the AFM probe. The most frequently used AFM imag-
ing modes in biology include contact mode and tapping or intermit-
tent contact mode (reviewed in [21–23]). Both modes are based on
the principle of maintaining constant probe force on the sample.
The most commonly used modes in biology are overviewed here.
In contact mode [7], the AFM probe maintains constant contact
with the sample surface throughout the duration of the scan and
the deﬂection of the cantilever is monitored (Fig. 1B). The feedback
electronics adjust the vertical position of the piezoelectric scanner
to maintain a constant laser deﬂection off of the cantilever at a
predetermined set-point value, thereby maintaining constant force
on the sample. The adjustment in the vertical position required to
maintain a constant deﬂection is recorded and used to generate a
topographical image of the sample.
In tapping mode [24], the cantilever is oscillated so that the probe
only intermittently contacts the sample. Thus, tapping mode is more
suitable for softer or loosely adsorbed samples that can be damaged
or deformed by the lateral shear forces present in contact mode imag-
ing. The amplitude of the cantilever's oscillations changes as the
height of the sample changes (Fig. 1C). The oscillation amplitude is
monitored and the feedback electronics adjust the vertical position
of the piezoelectric scanner to maintain a constant amplitude and,
therefore, constant applied force. As in contact mode, the adjustments
in vertical position of the piezoelectric scanner are recorded and the
information used to generate a topographical image. Additionally,
the oscillation phase can be monitored [25,26]. Changes in the
mechanical properties of the sample, such as friction, adhesion, and
stiffness [21,22], will change the phase of the cantilever's oscillations.
Phase changes in the cantilever's oscillations can be monitored simul-
taneously with amplitude changes; therefore, topographical images
and phase images can be obtained in the same scan.
3.2. Visualizing single membrane protein–ligand complexes: IntegrinαIIbβ3
Single protein–ligand complexes can be resolved by AFM imaging
when the ligand has sufﬁcient size within the detectable resolution
limits and binds the membrane protein on an exposed surface that
can be tracked by the AFM probe. An example in which AFM imaging
was used to resolve single protein–ligand complexes is given in a
study investigating the interaction between the platelet integrin
αIIbβ3 and its ligand ﬁbrinogen [27]. Integrin αIIbβ3 belongs to the
integrin superfamily of adhesion proteins and is involved in platelet
adhesion, aggregation, and signaling [28,29]. Integrins are hetero-
dimers with each subunit of the dimer containing a single transmem-
brane domain that anchors the protein in the lipid bilayer and an
extracellular domain that binds the ligand. Currently, there is no
structure available for a full-length integrin molecule. Structures are
only available for the transmembrane domain alone, extracellulardomain alone, or short cytoplasmic region alone [30–32]. Integrin
αIIbβ3 binds several different ligands including ﬁbrinogen, a 340 kDa
protein exhibiting a trinodal architecture [33,34].
Puriﬁed integrin αIIbβ3 reconstituted into an artiﬁcial lipid bilayer
was imaged in buffer solution using tapping mode AFM [27]. The
structures of both integrin and ﬁbrinogen under physiological condi-
tions exhibit different conformations and dimensions compared to
those observed using electron microscopy, where samples are in a
dehydrated state [35,36]. Thus, the environmental context of macro-
molecules is an essential consideration when determining structure
and AFM provides the opportunity to investigate membrane proteins
and their interactions with ligands within the native context of a lipid
bilayer and physiological buffer solution.
Topographical images of integrin αIIbβ3 embedded in a lipid
bilayer incubated with ﬁbrinogen allow resolution of single integrin–
ﬁbrinogen complexes (Fig. 2A). Phase images, which are generated
based on differences in mechanical properties of the sample surface
rather than topography, provide an even clearer picture of ﬁbrinogen
bound to its receptor (Fig. 2B). Phase images of integrin αIIbβ3 alone
in the absence of ﬁbrinogen do not reveal distinguishable features.
Thus, binding of ﬁbrinogen to integrin αIIbβ3 results in signiﬁcant
differences in mechanical properties in the region where the protein–
ligand complex forms compared to the surrounding lipid bilayer.
High-magniﬁcation topographical images of integrin–ﬁbrinogen
complexes reveal the trinodal structure of ﬁbrinogen, with each
node exhibiting a different height in a cross-sectional line scan
(Fig. 2C). Visualizing individual integrin–ﬁbrinogen complexes re-
vealed that ﬁbrinogen could adopt several different conformations
when bound to integrin and can bind two integrin molecules simulta-
neously (Fig. 2C–F). Thus, AFM is a high-resolution method that
produces images of single membrane protein–ligand complexes
under physiological conditions and reveals conformational variability
of individual complexes.
3.3. Observing conformational changes promoted by ligands: MlotiK1
potassium channel
The highest resolution of membrane proteins is possible when
proteins are densely packed in a lipid bilayer, sometimes forming
2D crystals, and imaged by contact mode AFM. These conditions
allow for a lateral resolution of less than 1 nm; therefore, substruc-
tural features of proteins can be resolved [37,38]. Several different
types of membrane proteins have been investigated and conforma-
tional changes detected upon binding ligands such as protons,
Ca2+, and small molecules (Table 1). Moreover, the reversible
changes in ligand-promoted conformations can be tracked for single
protein molecules. An example illustrating the conformational
changes observable by AFM is provided in a study on the MlotiK1
potassium channel [39].
MlotiK1 is a prokaryotic potassium channel from Mesorhizobium
loti [40]. This protein is a member of the cyclic nucleotide-regulated
ion channel family and exhibits a characteristic tetrameric structure
in which each subunit consists of 6 transmembrane α-helices and a
cytoplasmic cyclic nucleotide-binding domain that binds cAMP or
cGMP [41,42]. AFM facilitated the structural characterization of
full-length MlotiK1 in the native environment of a lipid bilayer and
under buffer conditions with minimal perturbations [39]. MlotiK1
was reconstituted at high density in a lipid bilayer and imaged by
contact mode AFM to reveal the topography of the cytoplasmic
nucleotide-binding domain, which protrudes out of the membrane
(Fig. 3).
Two different conformational states were detected using AFM.
When MlotiK1 was bound to cAMP, the cytoplasmic nucleotide-
binding domain exhibited a symmetric arrangement of 4 subunits
forming a central pore (Fig. 3A–C). The high-afﬁnity binding of
cAMP to MlotiK1 precluded the ability to visualize the ligand-free
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Fig. 3. AFM imaging of ligand-promoted conformational changes in the MlotiK1 potas-
sium channel. (A) High-resolution contact mode AFM imaging reveals the arrange-
ment of single R348A mutant MlotiK1 potassium channels in a reconstituted lipid
bilayer in the presence (A–C) or absence (D–F) of the ligand cAMP. Single MlotiK1 mol-
ecules resolved in AFM images were used to generate correlation-averaged
cAMP-bound (B) and cAMP-free (E) structures. Standard deviation maps were gener-
ated that revealed the level of variability in structures of single MlotiK1 molecules
used to generate correlation-averaged structures (C, F).
The ﬁgure is reprintedwith permission from [39] and the National Academy of Sciences,
USA.
Fig. 2. AFM imaging of integrin αIIbβ3–ﬁbrinogen complexes. (A) Tapping mode imaging
was used to visualize single ﬁbrinogen molecules bound to the integrin αIIbβ3 in a
reconstituted lipid bilayer. Topographical features represent ﬁbrinogen bound to integrin
αIIbβ3. (B) Binding of ﬁbrinogen to the integrin αIIbβ3 alters the mechanical properties of
the sample surface, which is revealed in the phase image. In the absence of ﬁbrinogen,
phase images do not reveal any distinguishable features. (C–F) High-magniﬁcation tap-
ping mode AFM images and cartoon representation of integrin αIIbβ3–ﬁbrinogen com-
plexes. A cross-sectional line scan of a feature in AFM images corresponding to
ﬁbrinogen displays a topography expected for a trinodal structure (C). A single ﬁbrinogen
molecule can bind a single integrin αIIbβ3 (C, D) or two integrin αIIbβ3 molecules (E, F).
Visualizing single complexes reveals the different conformations ﬁbrinogen adopts
when bound to integrinαIIbβ3. Cartoon representation of integrinαIIbβ3–ﬁbrinogen com-
plexes is based on AFM images (D, F). Filled ellipses represent integrin αIIbβ3 and empty
ellipses represent the trinodal ﬁbrinogen.
The ﬁgure is reprinted with permission from [27]. Copyright (2005) American Chemical
Society.
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to characterize the ligand-free state of the channel. The cAMP-bound
form exhibited a conformation identical to thewild-type channel. How-
ever, the ligand-free channel exhibited a signiﬁcant conformational
change in the cytoplasmic ligand-binding domain, which no longer
displayed a central pore or distinguishable features (Fig. 3D–F). This
conformational change was fully reversible upon reintroduction ofcAMP. The lack of distinguishable features is suggestive of a conforma-
tional state that has greater ﬂexibility or conformational variability
compared to the cAMP-bound state [39]. The ability to monitor individ-
ual MlotiK1 channels revealed that at subsaturating concentrations of
cAMP, only a fraction of the channels exhibited the ligand-free state
[39]. This example, along with others listed in Table 1, demonstrates
the utility of AFM to visualize conformational changes of membrane
proteins promoted by ligands under the native conditions of a lipid
bilayer, buffer solution, and ambient temperatures.Moreover, individu-
al protein behavior can bemonitored and followed over time and under
different conditions.3.4. High-speed AFM reveals dynamic behavior of singlemembrane protein
molecules: Bacteriorhodopsin
A limitation of conventional AFM is the slow scan rate by the AFM
probe necessary to obtain high-resolution images, often in the minute
range. The creation of smaller cantilevers and improved instrumenta-
tion has led to the development of high-speed AFM, which allows for
faster scan rates and the acquisition of high-resolution images in as
little as 40 ms [43,44]. The faster image acquisition times in
high-speed AFM open the door to tracking biological processes in
real-time. We discuss here an example where high-speed AFM was
61A.M. Whited, P.S.-H. Park / Biochimica et Biophysica Acta 1838 (2014) 56–68applied to reveal the dynamics of individual membrane proteins in
response to a ligand [45].
Bacteriorhodopsin is a light-driven proton pump found in the pur-
ple membrane of Halobacterium salinarum and has long served as a
model to help understand the structure of membrane proteins [46].
In native purple membrane, bacteriorhodopsin forms trimers that
adopt a crystalline arrangement (Fig. 4A). This bacterial proton
pump is activated by light via isomerization of all-trans-retinal,
which is covalently linked to the protein and maintains the inactive
basal state. The active state facilitates the proton pumping function
and eventually decays back to the inactive basal state [46,47].
High-speed AFM facilitated the real-time monitoring of conforma-
tional changes occurring in single bacteriorhodopsin monomers in
response to light [45]. A D96N bacteriorhodopsin mutant in the purple
membrane of Halobacterium salinarum was used in the high-speed
AFM studies since it has a 1000-fold slower photocycle (~10 s) com-
pared towild-type bacteriorhodopsin but retains native function, there-
by allowing the detection of conformational changes accompanying
light-activation and decay. Activation of bacteriorhodopsin resulted in
signiﬁcant conformational changes of each bacteriorhodopsin mono-
mer within 1 s of light exposure (Fig. 4A and B). Bacteriorhodopsin
monomers reverted back to the basal-state conformation in the dark.
The time course was determined for a bacteriorhodopsin mono-
mer to achieve the active-state conformation after illumination of
samples and for the decay of this active-state conformation back to
the basal-state conformation. Different lighting intensities were
used to control the number of bacteriorhodopsin monomers activated
and allow for bacteriorhodopsin monomers to be activated at differ-
ent time points after illumination. The decay rate of the active-state
conformation was dependent on whether the activated bacteriorho-
dopsin monomer in one trimeric complex was in contact with anFig. 4. Dynamics of bacteriorhodopsin revealed by high-speed AFM. (A) High-speed AFM im
mode at a 1 frame per second acquisition speed. Images were collected of the inactive basal
mer is outlined in the ﬁrst frame. (B) A cartoon depiction of bacteriorhodopsin monome
photoactivated state (white circles). Red arrows indicate the direction of conformational cha
grams of decay times for single activated bacteriorhodopsin monomers to revert back to the
grams of decay times are shown for situations where an activated bacteriorhodopsin mo
monomers (gray circles) in adjacent trimers (left panel) or where an activated bacteriorhodo
monomers in adjacent trimers (middle and right panels). For the latter situation, bacteriorh
shown as green circles and bacteriorhodopsin monomers achieving the active-state conform
orhodopsin monomers activated last (blue circles, middle panel) and bacteriorhodopsin mo
The ﬁgure is adapted with permission from [45] and Nature Publishing Group.activated bacteriorhodopsin monomer in an adjacent trimeric com-
plex (Fig. 4C). Under conditions where a single bacteriorhodopsin
was activated and not in contact with another activated monomer
in adjacent trimers (Fig. 4C, left panel), the active-state conformation
decayed exponentially with a time constant of 7.3 s. Under conditions
where activated monomers were in contact with other activated
monomers in adjacent bacteriorhodopsin trimers, the active-state
conformation of the monomer activated last among monomers in
adjacent trimers decayed exponentially with a faster time constant
of 2 s (Fig. 4C, middle panel). In contrast, monomers activated ﬁrst
among monomers in adjacent trimers do not display an exponential
decay of the active-state conformation and this process in those
molecules is much slower (Fig. 4C, right panel). Thus, cooperative ef-
fects are revealed in the decay rates of the active-state conformation
of bacteriorhodopsin when individual protein behaviors are moni-
tored in AFM images. Interestingly, these cooperative effects are not
apparent when the active-state conformation decay of all bacterio-
rhodopsin molecules is analyzed together as would occur in ensemble
approaches, thereby highlighting the power of the single-molecule
detection capabilities of AFM.
4. Probing single membrane protein–ligand interactions by AFM
4.1. Force spectroscopy: Dissociation of single membrane protein–ligand
complexes by force
In addition to providing high-resolution topographical images of
sample surfaces, AFM can be used to perform single-molecule force
spectroscopy (SMFS) [48–50]. In SMFS, the AFM probe is used to
break chemical bonds formed in biological molecules by the applica-
tion of force using the energy stored in the ﬂexed cantilever. Theages of D96N mutant bacteriorhodopsin in purple membrane were obtained by tapping
state (0–1 s frames) and after light activation (2–3 s frames). A bacteriorhodopsin tri-
rs arranged in trimeric complexes in the inactive basal state (gray circles) and the
nges occurring in each bacteriorhodopsin monomer observed in AFM images. (C) Histo-
inactive basal-state conformation as determined from high-speed AFM images. Histo-
nomer (red circle) in one trimer does not contact other activated bacteriorhodopsin
psin monomer in one trimer does make contact with other activated bacteriorhodopsin
odopsin monomers achieving the active-state conformation ﬁrst after illumination are
ation last are shown as blue circles. Histograms of decay times are shown for bacteri-
nomers activated ﬁrst (green circles, right panel).
Fig. 5. Probing single protein–ligand interactions by force spectroscopy. A F–D curve
recording events that occur during the rupture of chemical bonds between a ligand
(blue) functionalized to the AFM probe and a membrane protein (green) is shown. Dif-
ferent parts of the F–D curve are numbered and the corresponding action occurring
during the SMFS experiment is shown.
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chemical bonds allows SMFS to be used to investigate various types
of molecular interactions, including those occurring between a pro-
tein and ligand and those stabilizing protein structure. SMFS can
also be performed using alternate platforms such as optical and mag-
netic tweezers [51,52].
Functionalization of the AFM probe allows it to be used as bait to
probe single protein–ligand interactions. The ﬁrst studies probing
protein–ligand interactions by AFM investigated the adhesive forces
involved in the interaction between avidin/streptavidin and biotin
[53–55]. A variety of functionalization chemistries have been charac-
terized to attach either a ligand or protein to the surface of an AFM
probe for use in SMFS studies [56,57].
In SMFS studies probing protein–ligand interactions, the function-
alized AFM probe is brought into contact with the sample surface to
allow binding of the attached molecule to its binding partnerFig. 6. Dynamic SMFS. SMFS is conducted at different pulling velocities and the average forc
determined and plotted against the logarithm of the loading rate to generate DFS plots (A, B)
determine parameters describing the energy landscape for protein–ligand dissociation or st
ative of an energy landscape with a single energy barrier (C) and a non-linear relationship(Fig. 5). As the AFM probe is retracted from the sample, the chemical
bonds stabilizing the protein–ligand pair are stretched until sufﬁcient
force is applied to overcome this interaction. The force applied to the
protein–ligand pair can be determined from the magnitude of the
cantilever's ﬂex as revealed by the laser deﬂection and knowledge
of the cantilever's spring constant. The process of rupturing bonds
involved in a protein–ligand interaction in SMFS is recorded in
force–distance (F–D) curves (Fig. 5), where a single peak represents
the rupture event and the peak height indicates the magnitude of
force required to disrupt the adhesion between the protein and the
ligand.
The rupture force of chemical bonds is dynamic and dependent on
the loading rate (i.e., retraction velocity multiplied by the effective
spring constant) [58]. Thus, the rupture force measured in SMFS at a
single retraction velocity is only a relative indicator of the interaction
strength between a protein and a ligand. The dependence of the
rupture force on the loading rate is most frequently rationalized in
terms of the Bell–Evans model [59,60]. The Bell–Evans model
describes the effect of force on the energy landscape underlying the
interaction between a protein and its ligand, thereby providing mech-
anistic insights into protein–ligand interactions. To obtain these types
of insights, SMFS is conducted at different retraction velocities to
collect F–D curves in a procedure often referred to as dynamic SMFS
(DFS).
In DFS, the average rupture forces are determined from F–D curves
collected at different retraction velocities and plotted against the
loading rate in DFS plots (Fig. 6A and B). A linear relationship
between the average force and the logarithm of the loading rate is
indicative of a single activation energy barrier in the energy landscape
that separates the bound from unbound protein–ligand complex (e.g.,
Fig. 6A and C). Utilizing the Bell–Evans model to ﬁt data in DFS plots
allows the computation of the following energy landscape parame-
ters: xβ, the distance between the free-energy minimum to thee to disrupt a protein–ligand complex (Fig. 5) or a stable structural segment (Fig. 7) is
. The data in these DFS plots can be ﬁtted with a model, such as the Bell–Evans model, to
able structural segment unfolding (C, D). A linear relationship in DFS plots (A) is indic-
in DFS plots (B) is indicative of an energy landscape with multiple energy barriers (D).
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dissociation in the absence of applied force. Using the value derived
for k0, the free energy of activation for protein–ligand dissociation,
ΔG‡, can be estimated from the Arrhenius equation [61]. Updated
models are also actively in development to improve and overcome
some of the limitations of the Bell–Evans model to describe DFS
data (e.g., [62–64]). A non-linear relationship between force and
logarithm of the loading rate, where there are multiple linear regimes
(Fig. 6B), is often attributed to multiple free energy activation barriers
(Fig. 6D) [65]. In some instances, a non-linear relationship may be
indicative of near-equilibrium dissociation [48,66].
SMFS and DFS offer unique opportunities to investigate the disso-
ciation of a membrane protein–ligand complex. The method has high
sensitivity and has been used to investigate protein–ligand interac-
tions with equilibrium dissociation constants ranging from fM to μM
concentrations [64]. Dissociation rate constants can be determined
without considering the complications that exist in more traditional
assays due to the reassociation of the protein–ligand complex [64].
Association rate constants can also be computed by determining the
probability of interactions between the ligand and the protein by
varying the contact time between the functionalized AFM probe and
the membrane surface [67]. Determination of the association rate
constant is not as straightforward as determining the dissociation
rate constant since an accurate estimate of the effective membrane
protein concentration must be known. Several different types of pro-
tein–ligand interactions have been investigated using SMFS and DFS
[68], including those involving membrane proteins (Table 1). Two
such studies are described in the following sections.
4.2. Probing single membrane protein–ligand interactions in live cells:
Luteinizing hormone-releasing hormone receptor
G protein-coupled receptors (GPCRs) are ubiquitously expressed
membrane proteins and form one of the largest classes of therapeutic
targets for drugs [69]. Understanding the nature of receptor–ligand
interactions is important for the development of new drugs and for
revealing insights about the mechanism of receptor action. SMFS pro-
vides a method to directly probe the interactions between a GPCR and
its ligand in live cells. Luteinizing hormone-releasing hormone
(LHRH) receptor is a GPCR that has been found to be overexpressed
in several cancer cell lines but absent in healthy human visceral
organs [70]. LHRH is a decapeptide hormone and the native agonist
for LHRH receptors. LHRH can be fused to peptides with anti-cancer
properties and, therefore, has been proposed to be useful in targeting
anti-cancer drugs to cancer cells overexpressing LHRH receptors [71].
One proposed anti-cancer drug employs the fusion of LHRH to the
toxic Pseudomonas aeruginosa exotoxin 40 (PE40) [72]. To character-
ize the binding properties of LHRH-PE40 to LHRH receptors, SMFS
was used to quantify this membrane protein–ligand interaction [72].
SMFS allowed for the investigation of LHRH receptor in the plasma
membrane of live Hela cells. AFM probes were functionalized with
the ligands, LHRH or LHRH-PE40, via a ﬂexible polyethylene glycol
cross-linker, a common approach for probe functionalization [57].
The surface density of attached ligands was adjusted to ensure single
receptor–ligand binding events [73]. SMFS was carried out and F–D
curves collected, which revealed the speciﬁc binding of both ligands
to LHRH receptors. DFS plots were generated and revealed a linear
relationship between the force and logarithm of loading rate (e.g.,
Fig. 6A), thereby indicating a single free energy barrier separating
the ligand-bound and ligand-free states (e.g., Fig. 6C). Analysis with
the Bell–Evans model revealed that both LHRH and LHRH-PE40
have similar dissociation rate constants, indicating that the fusion of
PE40 does not interfere with the interaction between LHRH and its
receptor. The value computed for xβ provided insight into the poten-
tial effect of PE40 on the structure of LHRH. LHRH-PE40 exhibited a
smaller xβ than the native LHRH, indicating that the fusion peptidecauses LHRH to become more brittle since chemical bonds can be
stretched less before overcoming the transition state [72]. Thus,
SMFS and DFS can provide insights about the mechanical properties
of the ligand itself in addition to providing insights about the kinetics
and energetics of the protein–ligand interaction.
4.3. Multiple energy barriers in membrane protein–ligand interactions:
Leukocyte function-associated antigen-1
Energy landscapes describing the interaction between a mem-
brane protein and its ligand are a useful tool to understand the mech-
anism by which this interaction occurs. As illustrated in the previous
example, protein–ligand interactions can dissociate via a single energy
barrier (e.g., Fig. 6C). In some instances, the nature of the interaction
between a protein and ligand is more complex and this complexity
can be revealed in the energy landscape. An example of a protein–
ligand interaction displaying a complex energy landscape is given
in a SMFS study investigating the interaction between the integrin
leukocyte function-associated antigen-1 (LFA-1) and its ligand
intercellular adhesion molecule-1 (ICAM-1) [74], which mediates
leukocyte adhesion [75].
A unique AFMprobe functionalization schemewas utilized to inves-
tigate LFA-1–ICAM-1 interactions [74]. In contrast to many membrane
protein–ligand SMFS studies where the AFM-probe is functionalized
with the ligand, the AFM probe in this study was functionalized with a
3A9 cell, a T-cell hybridoma cell line expressing LFA-1 at the cell surface.
The adhesive properties between LFA-1 in 3A9 cells and ICAM-1, either
functionalized in truncated form on a cell culture dish or expressed
on the surface of a cell line, were investigated by SMFS. Single protein–
ligand interactions were probed by minimizing the contact time and
force applied by the functionalized AFM probe.
LFA-1 exhibits a low-afﬁnity state for ICAM-1 in resting leukocytes
and a high-afﬁnity statewhen activated [76]. LFA-1–ICAM-1 interactions
were probed both in resting leukocytes and in an activated state promot-
ed by the addition of Mg2+, thereby allowing a study of the low- and
high-afﬁnity states of LFA-1. In both states, DFS plots revealed a
non-linear relationship between average force and logarithmof the load-
ing rate (e.g., Fig. 6B), suggesting a complex dissociation pathway
involving two energy barriers in the energy landscape underlying
protein–ligand dissociation (e.g., Fig. 6D). The outer barrier was deﬁned
at lower loading rates while the inner barrier was deﬁned at higher
loading rates. The inner barrier was similar for both the low- and
high-afﬁnity states of LFA-1; therefore, the difference in afﬁnity of the
two states is dictated by the outer barrier, which is the rate-limiting
step and reveals a 24-fold slower dissociation rate in the high-afﬁnity
state compared to the low-afﬁnity state. The structural origin of the
inner barrier was suggested to stem from a chelated Mg2+ in LFA-1
that interacts with the ligand ICAM-1 because addition of EDTA preclud-
ed the detection of the inner barrier in the fast loading rate regime. These
results further suggest that the chelated Mg2+ is present in both
the low- and high-afﬁnity states of LFA-1 and does not contribute
to differences in afﬁnity [74]. Taken together, probing the interac-
tion between LFA-1 and ICAM-1 by SMFS and DFS has revealed
new insights about the complex interactions between this protein–
ligand pair.
5. Detecting ligand-promoted changes in the molecular
interactions of membrane proteins by AFM
5.1. Force spectroscopy: Mechanical unfolding of membrane proteins
SMFS can also beutilized tomechanically unfoldmembrane proteins
and probe the molecular interactions formed to stabilize protein struc-
ture and facilitate protein function (Fig. 7) [77]. Theﬁrstmembrane pro-
tein to be mechanically unfolded by SMFS was bacteriorhodopsin in
purple membrane [78]. The mechanical unfolding of bacteriorhodopsin
Fig. 8. Mechanical unfolding of single bacteriorhodopsin molecules in purple mem-
brane. (A) Contact mode AFM image of purple membrane before SMFS exhibiting the
distinctive trimeric structure of bacteriorhodopsin. (B) F–D curve collected during
SMFS representing the mechanical unfolding of a single bacteriorhodopsin molecule
(red trace). (C) Contact mode AFM image of purple membrane after collection of the
F–D curve revealing the empty space left by the extracted bacteriorhodopsin molecule
(highlighted by white circle).
Reprintedwith permission from [78] and The American Association for the Advancement of
Science.
Fig. 7.Mechanical unfolding of membrane proteins by force spectroscopy. A F–D curve
recording the mechanical unfolding events of a membrane protein is shown. Different
parts of the F–D curve are numbered and the corresponding action occurring during
the SMFS experiment is shown. Each peak represents the mechanical unfolding of a
stable structural segment (blue, orange, green). Dashed lines represent ﬁtted
worm-like chain model curves, which provide an estimate of the contour length.
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by high-resolution AFM images of purple membrane taken before and
after mechanical unfolding of bacteriorhodopsin (Fig. 8). An empty
space can be seenwhere the extracted bacteriorhodopsin used to reside
(Fig. 8C).
In mechanical unfolding experiments, the AFM probe is pressed
into the sample to allow the formation of chemical bonds with the
terminal region of the membrane protein that has sufﬁcient strength
to facilitate mechanical unfolding. Commercially available silicon
nitride AFM probes are most commonly used to allow for non-
speciﬁc bonds to be formed with side chains of amino acids in the ter-
minal region of the protein. More speciﬁc attachments have been
achieved using gold-coated AFM probes [78], which form a covalent
bond between gold and the sulfhydryl group in the side chain of cys-
teine residues. Both the non-speciﬁc and speciﬁc attachments were
used to mechanically unfold bacteriorhodopsin out of purple mem-
brane and results were shown to be equivalent [78]. The former
type of attachment is more efﬁcient and practical and, therefore, the
preferred method.
The bond formed between the AFM probe and terminal region of
the membrane protein facilitates the mechanical unfolding of the
polypeptide chain as the AFM probe is retracted from the sample
surface. During this retraction, the protein is stretched and begins to
unfold. The unfolding events of single membrane protein molecules
are recorded in F–D curves (Figs. 7 and 8B), which record the amount
of force required to overcome stable regions of the protein versus
distance between the AFM probe and sample surface. SMFS of mem-
brane proteins reveal F–D curves with multiple peaks, which con-
trasts with mechanical unfolding of soluble proteins that often
unfold in a single step [49,50,79]. Each peak represents the sequential
unfolding of a distinct region of the protein that has intrinsic stability
to resist unfolding and, therefore, requires external force, originating
from energy stored in the ﬂexible cantilever, to overcome the unfolding
barrier. Due to the single-molecule nature of the method, variability is
observed in the F–D curve peak pattern since the unfolding of a single
membrane protein can occur via numerous unfolding pathways.
Consistently observed peaks represent the major unfolding events
that occur during membrane protein unfolding.
The magnitude of the peaks indicates the amount of force required
to unfold a particular region of the protein, thereby providing an esti-
mate of the relative stability of the corresponding region in the pro-
tein. Peaks can be analyzed with the worm-like-chain model to
compute the contour length [80], which provides an estimate for
the length of polypeptide chain stretched between the AFM probe
and the membrane surface. Using the contour length, peaks can be
assigned to speciﬁc regions in the structure of the protein exhibiting
stability (Fig. 9), often referred to as stable structural segments [77].During a SMFS experiment, stable structural segments unfold
sequentially until the entire polypeptide chain is unfolded out of the
membrane (Figs. 7 and 8C). Each unfolding event contains informa-
tion about the nature of molecular interactions in the corresponding
region of the protein. The effects of factors, such as mutations
[81,82], post-translational modiﬁcations [83], lipid bilayer composi-
tion [84], or ligands (Table 1), that impact protein structure can be
monitored by determining changes in the properties of the molecular
interactions involved in forming stable structural segments. The bind-
ing of a ligand to a membrane protein can alter the nature of molec-
ular interactions in direct proximity or distal to the ligand-binding
pocket. These changes promoted by ligands can manifest in various
ways in mechanical unfolding experiments. We discuss here some
examples of what can be learned about membrane protein–ligand in-
teractions by mechanically unfolding single membrane protein mole-
cules and list other studies of mechanical unfolding in Table 1.
I II III IV V VI VII VIII IX X XI XII
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A
B C
Fig. 9. Stable structural segments of membrane proteins. SMFS reveals the organization of membrane protein structure into stable structural segments, which exhibit stability and
require mechanical force to unfold. Stable structural segments of the NhaA Na+/H+ antiporter (A), β2 adrenergic receptor (B), and rhodopsin (C) are shown. Stable structural seg-
ment is highlighted on the secondary structures of the membrane proteins alternating in blue and gray coloring. Numbering of transmembrane α-helices is indicated below the
secondary structures.
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SMFS experiments on NhaA, a bacterial Na+/H+ antiporter, have
revealed localized effects upon binding of the substrate Na+ or the in-
hibitor 2-aminoperimidine [85,86]. NhaA, like other Na+/H+
antiporters, plays a critical role in maintaining cellular Na+ concen-
trations and pH homeostasis [87]. The activation of this bacterial pro-
tein and its ability to bind Na+ are pH dependent with maximal
effects occurring at alkaline pH.
Mechanical unfolding of NhaA in 2D crystals revealed that the pro-
tein structure forms 12 stable structural segments (Fig. 9A) [85,86].
The strength of molecular interactions for the stable structural seg-
ments was relatively unchanged whether Na+ was bound or not. An
exception was the structural segment containing transmembrane
helix V, which required higher forces to unfold and the peak corre-
sponding to this region was observed more frequently when bound
to Na+. As expected, these effects were pH-dependent with maximal
effects occurring at neutral-alkaline pH. Consequently, helix V con-
tains amino acid residues that form part of the Na+ binding pocket[87]. Thus, binding of Na+ to NhaA resulted in localized effects on
molecular interactions stabilizing the region in direct proximity to
the ligand-binding pocket.
Binding of the competitive inhibitor 2-aminoperimidine to NhaA
resulted in localized effects at a different location compared to
those promoted by Na+ [86]. Binding of the inhibitor was accompa-
nied by increased forces to unfold the stable structural segment
harboring transmembrane helix IX, which is in close proximity to
the Na+-binding pocket, while having negligible effects on other sta-
ble structural segments including the one affected by Na+ binding.
Thus, inhibitor binding strengthens molecular interactions in helix
IX and may also bind in this region. The close proximity of this helix
to the Na+-binding pocket may facilitate competitive inhibition [86].
5.3. Remodeling of the energy landscape promoted by ligands: GPCRs
Mechanical unfolding experiments provide more information
than merely localizing stable structural segments and detecting local-
ized effects on the strength of molecular interactions promoted by
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determine estimated parameters describing the underlying energy
landscape for protein unfolding (Fig. 6), thereby allowing the quanti-
ﬁcation of the kinetic, energetic, and mechanical properties of stable
structural segments of membrane proteins. The energy landscape
for protein unfolding, similar to the energy landscape describing
other aspects of protein function, has rough surfaces with local ener-
gy minima of 4–6 kBT [88]. Thus, the width of the energy valley of the
folded stable structural segment can indicate the conformational var-
iability of a stable structural segment since segments with wider en-
ergy valleys can adopt several different conformational substates
with similar energetic parameters. The parameter xβ provides an esti-
mate of the width of the energy valley for a folded stable structural
segment (Fig. 6C and D) and therefore is an indicator of conforma-
tional variability. Mechanical properties of a stable structural segment
can also be inferred from DFS-derived parameters by computing a
mechanical spring constant, κ, using estimates for ΔG‡ and xβ [89].
Thus, the relative rigidity or ﬂexibility of a stable structural segment
can be determined.
Binding of ligands to several membrane proteins has been shown
to remodel the unfolding energy landscape, thereby indicating
changes in kinetic, energetic and mechanical properties of stabilizing
structural segments (Table 1). To illustrate some of these changes, we
discuss here the effect of ligands on the stable structural segments
formed in GPCRs. Two classical GPCRs have been investigated by
DFS, rhodopsin and the β2 adrenergic receptor. Rhodopsin is the
light receptor in the retina that initiates vision. It is covalently
bound to the chromophore 11-cis retinal, which serves as an inverse
agonist locking the receptor in the inactive state. The β2 adrenergic
receptor is a hormone-binding receptor that regulates cardiovascular
and pulmonary functions [90]. For both receptors, the free receptor
exhibits a low level of constitutive activity.
SMFS and DFS applied to rhodopsin in native rod outer segment
disc membranes and puriﬁed β2 adrenergic receptor reconstituted
into artiﬁcial lipid vesicles revealed the arrangement of stabilizing
structural segments in the structures of these GPCRs (Fig. 9B and C)
[82,91–93]. In the case of the β2 adrenergic receptor, agonists, an
inverse agonist, and an antagonist all resulted in stable structural seg-
ments with increased conformational variability, decreased unfolding
rate constants, increased activation energy, and increased ﬂexibility
[93]. Each class of ligands, however, changed these properties in a
distinct set or subset of stable structural segments, which may under-
lie the different actions promoted by each class of ligand. Similar to
the β2 adrenergic receptor, the inverse agonist 11-cis retinal also
resulted in stable structural segments in rhodopsin with increased
conformational variability, decreased unfolding rate constants, in-
creased activation energy, and increased ﬂexibility [92]. In contrast
to the β2 adrenergic receptor, the effect of the inverse agonist in
rhodopsin exerted these effects on most stable structural segments.
Consequently, these effects are lost in a G90D mutant of rhodopsin
that is constitutively active when bound to 11-cis retinal and causes
congenital night blindness [82]. These studies demonstrate the prop-
erties of membrane proteins that can be probed by mechanical
unfolding experiments to reveal the effect ligands have on the molec-
ular interactions stabilizing membrane protein structure.
6. Concluding remarks
We have presented here some of the unique opportunities AFM
provides to probe membrane protein–ligand complexes and the
effect ligands have on the structure of membrane proteins under
physiologically relevant conditions. AFM provides multiple avenues
to investigate biological processes and its applications continue to
expand as the technology advances. Improvements in cantilevers
and atomic force microscope hardware will increase the speed, reso-
lution, and force sensitivity of the method [2,43,94], therebyproviding greater details about the structure and dynamics of mem-
brane proteins. Continued advancement in the integration of AFM
with other microscopy and spectroscopy methods will meet the chal-
lenges that cannot be overcome by an individual method alone
[95,96].
A major advantage of AFM is its ability to detect the structure and
behavior of single molecules. Single-molecule methods provide
several advantages over more traditional methods including the
detection of effects on individual molecules that are often averaged
out or masked in ensemble approaches [97]. Proteins are not static
structures, but rather dynamic structures that can sample several dif-
ferent states or substates because of thermal ﬂuctuations [98–102].
Many of these states or substates are often undetectable in ensemble
approaches since only an average of behaviors is being monitored, yet
these undetected effects can play signiﬁcant roles in protein function
[103]. Moreover, functionally important low frequency states or sub-
states may be masked in approaches that detect ensemble averages,
but may be apparent in single molecule approaches like AFM [104].
In this review,we have given some exampleswhere single-molecule
detection capabilities have provided unique insights about the nature of
interactions between a ligand and a membrane protein. However, the
single-molecule detection capabilities of AFM have not yet been fully
utilized. To better utilize the advantages of single-molecule detection
in AFMstudies, advancesmust continue to be forthcoming in the gener-
ation and analysis of large data sets. Automated data capture methods
and analysis algorithms (e.g., [105–108]) will allow AFM to be devel-
oped into a high-throughput method, facilitating the detection and
examination of dynamic states and substates that can deviate from
ensemble-averaged behaviors. The study of single-molecule behaviors
that deviate from ensemble averages will provide a more detailed
understanding of the complex issues related to membrane proteins
and their interactions with ligands.Acknowledgements
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